Affinity capture is an effective technique for isolating endogenous protein complexes for further study. When used in conjunction with an antibody, this technique is also frequently referred to as immunoprecipitation. Affinity capture can be applied in a bench-scale and in a high-throughput context. When coupled with protein mass spectrometry, affinity capture has proven to be a workhorse of interactome analysis. Although there are potentially many ways to execute the numerous steps involved, the following protocols implement our favored methods. Two features are distinctive: the use of cryomilled cell powder to produce cell extracts, and antibody-coupled paramagnetic beads as the affinity medium. In many cases, we have obtained superior results to those obtained with more conventional affinity capture practices. Cryomilling avoids numerous problems associated with other forms of cell breakage. It provides efficient breakage of the material, while avoiding denaturation issues associated with heating or foaming. It retains the native protein concentration up to the point of extraction, mitigating macromolecular dissociation. It reduces the time extracted proteins spend in solution, limiting deleterious enzymatic activities, and it may reduce the non-specific adsorption of proteins by the affinity medium. Micron-scale magnetic affinity media have become more commonplace over the last several years, increasingly replacing the traditional agarose-and Sepharose-based media. Primary benefits of magnetic media include typically lower nonspecific protein adsorption; no size exclusion limit because protein complex binding occurs on the bead surface rather than within pores; and ease of manipulation and handling using magnets.
Introduction
A typical application of the presented procedures is to stabilize and obtain a high yield and purity of endogenous protein complexes of interest for interactomic characterization 1 . It is understood that dynamic networks of both stably and transiently associated macromolecular complexes, chiefly comprised of proteins, orchestrate cellular processes 2, 3 . While there are many experimental approaches for identifying proteinprotein interactions, affinity capture is among the most widely used methods for isolating and dissecting physiological protein complexes [4] [5] [6] . Moreover, this technique has the advantage of yielding the macromolecular complexes as physical entities, not just as data points in a readout; advantageously, the obtained complexes may thus be used in a host of additional downstream biochemical, enzymatic, and structural assays [7] [8] [9] . The presented protocols have been developed in response to the need to map protein-protein interaction networks and characterize macromolecular complexes in their roles as the effector molecules of cell biology. They are detailed with respect to their application to mammalian cells grown in tissue culture, but are equally applicable to a wide range of biological samples given appropriate system-specific tweaks.
The history of affinity capture stretches back to the early twentieth century with the first immunoaffinity chromatography experimentsresembling what is commonly referred to nowadays as immunoprecipitation (IP) -appearing in the literature by the early 1950s. Mainstream use of the technique further developed through the turn of this century to the present [10] [11] [12] [13] . Diverse cell and molecular biological studies have utilized mechanical breakage of cells by milling at cryogenic temperatures for at least the last forty years [14] [15] [16] [17] [18] [19] ; and molecular separations utilizing (super)paramagnetic beads have become increasingly common over the last two decades 20 . Combining these different technologies has served to synergistically improve the results that can be obtained in protein complex affinity capture experiments 1 , as evidenced by an extensive body of work produced by ourselves and the wider research community 7, 9, 11, 18, 19, [21] [22] [23] . Supporting results are presented in 
Cell Harvesting and Freezing
1. Grow 1-8 g of cell material using the appropriate culturing conditions for the cell line of interest 25, 26 . This protocol is optimized for up to 8 grams of cells (~10 9 cells), modified from references 19, 27, 28 . Typically, ~5 g of HEK-293 or HeLa cells can be obtained from eight 500 cm 2 culture plates grown to ~90% confluency. CAUTION: These protocols use liquid nitrogen (LN 2 ), capable of causing severe cryogenic burns. Don protective clothing and exercise appropriate handling precautions. 2. Pour off the growth medium (waste) into a large beaker. 3. Place the culture dish on ice in a large rectangular ice pan. 4 . Add 20 ml of ice-cold 1x Phosphate Buffered Saline (PBS) to the culture dish and release the cells from the dish using a large cell scraper;
transfer the cells to a 50 ml tube, pre-chilled on ice; hold the tube on ice. NOTE: For all cell handling steps use an electro-pipettor set to "low" and 25 ml pipettes to avoid excessive shearing of cells during transfer manipulations. Arrange 50 ml collection tubes and 1x PBS in an ice bucket prior to initiating the procedure. 5. Add an additional 10 ml of ice-cold 1x PBS to the same dish. Collect the remaining cells and transfer them to the 50 ml tube. 6. Repeat for each dish; cell suspensions from different dishes may be combined to reduce sample number and plastic waste.
NOTE: Because the cells themselves will not constitute a large proportion of the suspension volume, three plates worth of cell suspension can be combined into two 50 ml tubes. Because 50 ml tubes actually hold more than the nominal volume, eight plates can typically be spread across five such tubes. 7. Centrifuge for 5 min at 1,000 x g, 4 °C. 8. Carefully pour off the supernatant. Resuspend each pellet in 10 ml ice-cold 1x PBS. Consolidate the resuspended pellets, up to 5 per 50 ml tube, to reduce sample number. 9. Centrifuge 5 min at 1,000 x g, 4 °C. 10. Carefully pour off the supernatant. Resuspend the pellet in 10 ml ice-cold 1x PBS 11. Remove the plunger from a 20 ml syringe and set it aside. Cap the nozzle of the syringe and transfer the cell suspension to it. 12. Place the syringe inside a 50 ml tube and centrifuge 5 min at 1,000 x g, 4 °C. 13. Aspirate the supernatant with a fine tip pipette attached to a vacuum trap system until just the top layer of cells begins to be sucked up. This results in a wet cell pellet. 14. Uncap the syringe, insert the plunger and drip the cells directly into a large plastic beaker filled with LN 2 , held in an LN 2 bath in a Styrofoam box. Forcibly plunge the remaining cells from the syringe. 15. Transfer the frozen cells to 50 ml tubes by pouring. Loosely cap the tubes to allow excess LN 2 to evaporate; hold them overnight at -80 °C.
Tighten caps fully the next day. The frozen cell may be stored in this way at -80 °C until cryomilling. NOTE: Do not tightly close the tubes before all the LN 2 has visibly evaporated, otherwise excessive pressure may cause the tube to explode. Not closing the tubes after the LN 2 has dissipated may result in the accumulation of frost on the cells material, adding excess water weight and effectively reducing the protein concentration upon milling.
Cryogenic Disruption of Frozen Cells
NOTE: All tools for milling and manipulations should be pre-cooled with LN 2 . A small decanter will be required for adding LN 2 within the jar and for pouring LN 2 over the top of the closed milling jar. A homemade tool is shown in reference 19 . Cryogenic gloves will be needed to handle the LN 2 cooled milling apparatus. The milling jar lids used here (see Table of Materials) typically ship with a rubber gasket installed; this will need to be replaced with a commercially available Teflon lid gasket to reliably execute the following protocol. Furthermore, because pressure from gaseous N 2 can build up to high levels within the jar during milling, we recommend installing a commercially available 5 bar/500 kPa pressure valve as a safety release precaution 28 .
1. Remove cell beads from -80 °C storage and hold in a 50 ml tube holder in an LN 2 bath. 2. Pre-cool the 50 ml jar, two 20 mm balls, and lid in a clean rectangular ice bucket containing LN 2 . Pre-cool the Polytetrafluoroethylene (PTFE) insulator if using one; either a set of pucks (see reference 6 . Clamp the assembly in place and perform three cycles of milling using following program: 400 rpm, 3 min, reverse-rotation each minute, no interval break. Cool the milling jar with LN 2 in between each cycle. NOTE: During milling a distinct clunking noise is generated as the balls collide within the jar in planetary motion. If these sounds are not heard, milling is not occurring. Terminate the milling cycle, do not count this cycle, move the jar assembly back to LN 2 and examine the contents of the jar. Ensure no ice has formed and if it has, chip it away from the jar walls with a pre-cooled spatula. Start again from step 2.5. If using no insulator or insulator pucks, move the jar assembly back to LN 2 between cycles to re-cool and add LN 2 to ~½ full each time. The LN 2 added will evaporate within the jar as the temperature of the jar increases during milling. This results in pressure build-up within the jar. Therefore, when disengaging the jar from the mill, release the clamp very slowly. If the clamp is released rapidly, cell powder may escape with rapid depressurization. A slow release of the clamp allows the pressure to escape from the jar in a gentle, controlled fashion, and prevents loss of cell material. The gentle escape of gaseous N 2 can often be heard hissing as the clamp is slowly released -this is normal. If using a sleeve-and-puck insulator, the jar assembly can be left in the mill and LN 2 added to the insulator/jar assembly in situ. 7. Move the jar back to LN 2 , and let rest momentarily to cool. If using a sleeve-and-puck insulator, the jar can be removed from the sleeve with the aid of two spatulas, providing leverage on either side. Once the jar is resting in LN 2 , carefully remove the lid, remove the balls using forceps, and transfer the powder to a pre-cooled 50 ml tube using a pre-cooled spatula. Adding a little LN 2 to the open jar / powder can help to dislodge powder that is caked onto the balls, before removing them. NOTE: Once the jar has been opened, add a small amount of LN 2 to it before removing the balls. This will help to recover powder caked on the surfaces. Cell powder should be held at -80 °C or below until use. In our experience, cell powder can be stored in this way, essentially indefinitely, without affecting performance.
Affinity Capture of Protein Complexes from Cell Extracts
NOTE: The following protocol implements affinity media comprised of an affinity ligand, bait, or antibody that interacts with the protein of interest, coupled to micron-scale paramagnetic beads. These can be prepared in-house 19, 30 , using commercially available kits, or purchased as readymade reagents.
Cell Extract Preparation
NOTE: When handling cell powder, remember to use utensils and tubes pre-cooled with LN 2 . Tubes containing the cell powder should always be held on LN 2 when not at -80 °C. Place the 50 ml tube(s) containing cell powder in a tube rack, in a Styrofoam container with LN 2 . 1. Weigh out 100 mg of cell powder into a 1.5 or 2 ml microfuge tube. NOTE: We have observed that this quantity of cells is a good starting point that will typically yield the target protein in the tens to hundreds of nanograms range after affinity capture for a moderately expressed protein (~50 kDa mass, present at thousands of copies per cell), presuming the extraction and capture efficiencies of the target are #70%. Such yields provide for direct visualization of the purified fraction by SDS-PAGE and protein staining. 2. Tare analytical balance with the empty microfuge tube. Dispense cell powder into a tube using an LN 2 cooled spoon or spatula. Check the mass of the powder dispensed within tube on the analytical balance. NOTE: To ease the weighing out of cell powders, small volumetric measuring spoons may be used. These have been found to give reproducible results (see reference 19 ). We have found best results using screw-cap or 'safe-lock' microcentrifuge tubes. Pressure from evaporating LN 2 that may enter the tubes can cause standard microcentrifuge tubes to pop open during subsequent warming just prior to the addition of the extraction solution -potentially resulting in loss of the sample. 3. Open the tube (or loosen screw-cap) with cell powder and let stand at RT for 1 min. This will release pressure within the tube and prevent the immediate freezing of the extraction solution when added to the powder. No thawing is observed during this 1 min incubation. 4. Add 400 µl of extractant supplemented with protease inhibitors and vortex briefly, then hold on ice while proceeding to step 3.1.5.
Samples should be held on ice between all subsequent manipulations until elution. NOTE: The best composition of the extractant will depend upon the protein complex(es) to be purified. Some general guidance is provided in Table 1 and the supporting references. 5. Use a microtip ultrasonicator to give the sample a brief low energy pulse to disperse any aggregates. (Ultra)sonicate with 4 pulses (2 sec each, 2 A; approximately 15-20 J of total energy). NOTE: Vortexing dispenses the cell powder into the extractant, but depending on the solution character, some aggregates may be observed. We have found that dispersing these aggregates provides for the best yield during subsequent affinity capture. A brief microtip sonication easily disperses these aggregates. The solution should appear semi-translucent but homogenous, without obvious aggregates. Water bath sonicators tend to be too low power to efficiently disperse such aggregates without significantly longer sample handling times, but may be suitable with appropriate settings. 6. Clarify the extract by centrifugation (e.g., 20 ,000 x g, 10 min, 4 °C).
NOTE: An aliquot of the clarified cell extract may be saved for comparison to the contents of the pellet, the post-affinity capture supernatant, and the fractions obtained after elution from the affinity medium to determine the efficiency of extraction and capture of the target protein, e.g., by western blot (see Discussion). 7. Remove the supernatant (clarified extract) and proceed to the affinity capture.
NOTE: The pellet may be re-extracted in SDS-PAGE sample loading buffer at 70 °C to determine the degree of release of the target protein during the initial non-denaturing extraction by comparison to the extract obtained in step 3.1.6.
2. Affinity Capture 1. Prewash the magnetic affinity medium. This can be done while cell extracts are being centrifuged. 2. Place the tube(s) on the magnet. The beads will accumulate on the side of the tube within seconds, permitting the storage solution to be removed. 3. Add 500 µl of extraction solution to beads. Briefly vortex mix at medium speed (sufficient to resuspend). Pulse-spin the tubes in a minicentrifuge to collect all contents to the bottom. Doing so ensures the minimum carryover of solutions. Place tubes on the magnet and aspirate the solution.
NOTE: Magnetic media with distinctive characteristics are available from a wide variety of commercial suppliers. Results may vary depending upon these characteristics, including bead size, uniformity, surface coating, and antibody coupling chemistry. Side-by-side trials in your application are recommended before settling on a choice reagent. 4. Initiate the affinity capture by transferring the clarified cell extract to a 1.5-2.0 ml tube containing pre-washed affinity medium and vortex briefly to resuspend. 5. Incubate for 30 min at 4 °C with continuous gentle mixing on a rotator wheel; the beads should remain suspended throughout the incubation. 6. Pulse-spin the tubes in a mini-centrifuge to collect all contents to the bottom of the tube. Aspirate the supernatant and wash the beads three times with 1 ml of cold extraction solution as described in step 3.2.3. Place the tubes on the magnet. Remove the solution.
Proceed to add the next solution and repeat. During the 2 nd wash, transfer the beads and wash solution together to a fresh microfuge tube by pipetting. This reduces sample contamination, at the point of elution, by random proteins adsorbed to the walls of the tube used for incubation with the cell extract. After the 3 rd wash, the beads should be pulse-spun briefly in a mini-centrifuge to collect all contents to the bottom. Place the tube back on the magnet, and remove any residual liquid. This permits removal of the last few µl of solution before eluting, ensuring the eluted samples will have uniform volumes. It also ensures the elution will be efficacious, as the elution solution will not be diluted by residual wash; such residues can also contribute to salt effects and alter the migration of proteins in SDS-PAGE (see below). NOTE: An aliquot of the post-binding supernatant may be saved for comparison to the clarified extract generated in 3.1.6. by western blot. The result will indicate the degree of depletion of the target protein from the cell extract. 7. Elute in either a native or denaturing manner; consider the strategy best for the downstream application 1 . NOTE: The details of native elution strategies will depend upon the affinity tag used (See Discussion). For most users, denaturing elution with SDS-PAGE sample buffer followed by analysis of the sample by SDS-PAGE with protein staining 31 , will be the most practical initial approach. NOTE: The composition of the sample buffer will depend on the electrophoresis system being used. Many labs cast their own Trisglycine gels, making use of discontinuous electrophoresis and the Laemmli buffer system [32] [33] [34] . A common sample buffer recipe (1x) includes: 10% (w/v) sucrose, 50 mM DTT, 2% (w/v) SDS, 62.5 mM Tris-Cl pH 8.8, 0.0004% (w/v) bromophenol blue 31 . We suggest preparing a 1.1x stock that omits DTT. 1/10 th the volume of 500 mM DTT should be added to the sample before SDS-PAGE (see below). Many commercially available SDS-PAGE systems are also available; these may include system-specific sample buffers. 8. Add SDS-PAGE sample buffer without reducing agent (to mitigate the release of antibody chains from the beads) and incubate for [5] [6] [7] [8] [9] [10] min at room temperature with agitation. NOTE: This will interfere with most affinity-based interactions, releasing the captured proteins into the supernatant. More persistent interactions may benefit from elevated temperature for release (typically 70 °C is sufficient). 9. Collect and save the supernatant. Samples may be frozen at -20 °C for brief storage (a few days) or -80 °C for extended storage until analysis is desired. 10. Subject the samples to SDS-PAGE followed by protein staining using standard techniques 31 . MS may be used to characterize the sample composition 1 . Individual protein bands may be excised for identification or the entire sample may be characterized in a single analysis by electrophoresing the sample only briefly (4-6 mm into the gel) and processing all the proteins in the sample together as a 'gel plug.' NOTE: Add DTT before initiating electrophoresis. If planning to proceed to MS, samples may be alkylated after electrophoresis 35 ; however, it is frequently more convenient to alkylate prior to electrophoresis 36 . Figure 1 , panel I illustrates that cryomilling and magnetic beads can work together to improve sample quality. Panels IA-C demonstrate that the material comprising the insoluble medium used for the affinity capture can affect the recovered proteome 19 . The protein of interest, purified FLAG-tagged bacterial alkaline phosphatase (BAP), was spiked into human cell extracts. BAP is not expected to specifically interact with and copurify human proteins. The signature of copurifying proteins, judged by SDS-PAGE and Coomassie staining, varied depending on the medium used. Micron-scale magnetic beads showed the cleanest profile, indicating a relatively low level of non-specific protein adsorption. Panels ID and IE illustrate that the method of cell lysis can also affect the recovered proteome. In the example provided, an endogenous protein complex (the NEXT complex 37 ), was subjected to affinity capture from cyromilled or sonicated cell extracts 19 . Fewer high mass contaminants were observed when the cell extract was produced from cryomilled cell powder.
Representative Results
A challenge when using affinity capture to study endogenous protein complexes is that it may be difficult to discriminate bona fide physiological interactors of the protein of interest from false positives (FPs). FPs can arise from many sources, including non-specific adsorption to tubes and vessels, the affinity medium, the antibody or affinity ligand, and/or to the protein of interest itself. As a result, significant effort must be devoted to optimizing the capture process. The detection of FPs remains a central challenge for which a large number of different tools have been developed, including experimental [38] [39] [40] and computational approaches [41] [42] [43] , each with different pros and cons. In our own experiments we previously noted a pattern of FP protein binding, obtained after incubation of α-FLAG magnetic medium with control cell extracts, that was distinct from the pattern obtained in the presence of 3xFLAG-tagged proteins. Furthermore, these FPs could be released from the medium by incubation with 3xFLAG peptide 7 . This observation is consistent with opportunistic binding of FPs to the α-FLAG paratope in the absence of the cognate epitope. Understanding the nature of this FP background is important since many studies use an untagged 'parental cell line' as a mock control for affinity capture; these controls may therefore be inappropriate to determine the specificity of interactions with the tagged protein. To determine the background binding contributed by our affinity medium when antibody paratopes are occupied or not, we conducted mock affinity capture experiments using α-FLAG magnetic medium and HEK 293T cell extracts (no tagged protein expressed) in the presence or absence of a 3xFLAG peptide spike-in. The results are shown in Figure 1 , panel II. Briefly, α-FLAG magnetic medium was incubated in cell extracts (of #10 mg/ml total protein) containing 500 mM NaCl and 1% v/v Triton X-100 in 20 mM HEPES-Na pH 7.4 for 30 min. The medium was then incubated with 1 mg/ml 3xFLAG peptide to competitively displace any proteins bound to the α-FLAG paratope natively or with SDS-PAGE sample buffer to achieve a denaturing elution. Additionally, the same experiment was carried out when the cell extracts were spiked with 1 µg/ml and 10 µg/ml of 3xFLAG peptide. All the eluted fractions were subjected to SDS-PAGE and silver staining. We observed that in the absence of its cognate epitope, α-FLAG medium does capture a detectable level of background proteins that can be eluted with 3xFLAG peptide -in the example provided by Figure 1 -II, a dominant species was observed at between 37 and 50 kDa. The pattern eluted with SDS-PAGE sample buffer was comparable, with additional prominent species. However, in the presence of 1 µg/ml 3xFLAG peptide, FP binding to the affinity medium was eliminated to below the level of detection and was not observed in either the native or denaturing elution fractions. This result suggests that unoccupied antibody paratopes can be promiscuous in the absence of their cognate epitope and contribute significantly to the proteome obtained during affinity capture even for antibodies that bind their epitope at high affinity, as is the case for the 3xFLAG/α-FLAG M2 pairing. It also suggestd that very stringent conditions using high salt, often chosen to mitigate non-specific binding, may be ineffective in the absence of the antigen/antibody interaction. To follow-up we performed a similar experiment including analysis by SDS-PAGE as well as quantitative MS (Fig. S1) . Of the 347 proteins quantified, we observed that every protein save for one (false discovery rate = 1%; Table S1 ) was associated with the 3xFLAG-tagged bait protein as compared to a 3xFLAG peptide spiked control sample. These results indicate that in our experiments the overwhelming majority of proteins observed are likely to co-purify with the tagged protein or are off-target by-products of unoccupied α-FLAG paratopes. In our experience, high signal-to-noise affinity capture results are exemplified in SDS-PAGE and protein staining by a discrete pattern of sharp, abundant and roughly stoichiometric bands as well as a paucity of background staining from other fainter bands; numerous example of this principle can be seen in reference 11 .
The motive for using a PTFE insulator (which is recommended) when cryomilling is to reduce the rate of warming of the jar during milling, mitigate the burden of repeated LN 2 cooling during the milling process, and reduce the degree of ice formation in the jar. This facilitates consistent milling performance and eases the handling of the cell powder. Example insulators can be found in reference 27 (pucks) and depicted (2) fits inside of the PTFE jar (3) and provides the opportunity to leave the milling jar installed within the mill between cycles. An upper PTFE insulator puck (2) is used between the clamp assembly and the jar lid. To cool the installed jar and insulator assembly (3), LN 2 is added directly into the body of the insulator, surrounding the jar. The next cycle of milling can then be initiated. Please click here to view a larger version of this figure. 4) pK a of 7.8 at 4 °C, 7.5 at 25 °C. NaOH or KOH used for pH equilibration depending on the salt (e.g., NaCl, KCl, or CH 3 CO 2 K) used in the extractant. Table 1 : A few suggested reagents useful for purifying protein complexes. This table lists some reagents we have found useful for purifying protein complexes from human cell lines, with suggested working concentrations. A typical extractant formulation contains a pH buffer, a salt, and a detergent , respectively. The light labeled cell extract was spiked with 3xFLAG peptide to prevent affinity capture of the 3xFLAG-tagged ORF2p by competitive inhibition; this is not expected to block the binding of proteins that may occur non-specifically with the magnetic medium or the non-paratopic structures of the antibody. After elution from the magnetic beads, the heavy and light samples were mixed post-purification and analyzed by quantitative MS (MAP-SILAC 39 ) to determine the fraction of proteins associated with either sample; further methodological detail located in Table S1 . II. Silver stained gel illustrating that the light-and heavy-labeled materials yield comparable results (compare L with H), and that the purification conducted in the presence of the 3xFLAG spike-in (LI) was competitively inhibited. Below, a Coomassie Blue G-250 stained gel plug consisting of the mixed H and LI fractions, prior to gel-based proteomic analysis, as described in Table S1 . Please click here to download a larger version of this figure. Table S1 : MAP-SILAC. This sheet contains the data obtained upon execution of the MAP-SILAC experiment described in Figure S1 . Please click here to download this table.
Reagent Suggested Concentration Notes

Discussion
These three protocols work in tandem to (1) prepare cells for solid-state breakage by cryomilling, (2) achieve breakage in a planetary ball mill, and (3) produce extracts from cell powder to affinity capture a protein of interest in complex with its physiological interactors. Many different cell lysis techniques exist, including mechanical/physical approaches employing crushing impact, shearing, and/or pressure, as well as chemical/ enzymatic approaches, each with different pros and cons 49, 50 . Each investigator is encouraged to explore methods most suitable for their analyses, keeping in mind that any chosen approach for cell breakage and protein extraction is likely to introduce biases 51, 52 necessitating empirical optimization (discussed below). Mechanical methods may produce high heat and/or shearing forces which can disrupt protein complexes. Cryomilling avoids heating effects by virtue of employing LN 2 cooling of samples for the duration of the process. Planetary ball mills are understood to rely upon impact and frictional forces, including shear stress, as components of particle size reduction 53, 54 . At the settings reported we have not observed degeneration of protein complexes. Indeed we have extracted and retrieved apparently intact ~50 MDa nuclear pore complexes 11 and enzymatically active retrotransposons exhibiting higher specific activity than preparations employing 'gentle' detergent-based lysis 7 . Chemical/enzymatic methods of cell lysis suffer from the limitation that the contents of the cell are released into an in vitro milieu that supports the disruption of cell membranes and structural macromolecules but may not be suitable for maintenance of the integrity of the protein complex(es) of interest. Frequently, neither the constituents of the complexes formed with the protein of interest nor the conditions needed to stabilize the target complexes are known in advance. A major benefit of solid-state milling is that breakage and extraction are uncoupled, permitting source material to be prepared free of added liquid, stored (at -80 °C or below), amassed, and conveniently retrieved for on-demand experimentation; e.g., to explore optimized in vitro conditions for affinity capture. Protein interactions are most stable at high concentration the other hand, there are practical considerations -the protein complexes do need to be partitioned out of the cells and into a non-viscous aqueous phase, free of insoluble aggregates, in order to mingle the target complexes with the affinity medium. Moreover, some standardization and control over the in vitro environment (pH, salt concentration, etc.) is needed for systematization and reproducibility. We find that extracts produced in the dilution range of 1:4-1:9 (w:v) satisfy practical and theoretical concerns, yielding quality results. Additionally, the optimal proportion of cell extract to affinity medium needs to be determined. This is done empirically by titration of extracts with varying amounts of affinity medium and can have detectable effects on the signal-to-noise ratio of the experiment, further discussed below. An excellent depletion of the target protein is typically ≥70% of the soluble fraction of the target protein, but >90% is desirable and may be achievable with careful parameterization of extraction conditions. Many such practical considerations are covered in reference 1 . Paramagnetic beads are manipulated using neodymium magnets in a specialized microcentrifuge tube holder, although homemade alternatives are viable. When placed within the holder, beads collect at the side of the tube under the influence of the magnetic field. Solutions may then be removed without disturbing the beads.
One limitation of the presented cryomilling protocol, developed with the planetary ball mill used here (See Table of Materials), is that a minimum amount of material is required to effectively mill and recover cell powder using this device (>1 g). Such quantities are easily obtained with many microbes, cell lines, and model organisms, and can also often be achieved with tissues excised from laboratory animals. However, certain cell lines may be very difficult to grow in abundance and animal tissues may be scarce. Smaller quantities of material can be comparably milled using other devices utilizing smaller containers, although potentially at the sacrifice of the powder fineness achieved. In addition, the cost of mechanical milling devices may be prohibitively expensive for some laboratories. Cryomilling can be achieved using a number of alternative setups [14] [15] [16] [17] [18] [19] , including, most affordably by hand using a pestle and mortar, although breakage efficiency drops considerably. Affinity capture protocols typically aim for a high efficiency of cell lysis to facilitate maximal protein extraction into solution and hence, maximal potential for capture of the target protein complexes. On the other hand, it has been demonstrated for yeast in vitro splicing extracts that maximal lysis may not equate with maximal in vitro biochemical activity 57, 58 . We have not observed such problems in the systems we have tested thus far, and therefore do not purposefully limit our cell breakage when cryomilling. Nevertheless, this possibility should be borne in mind when optimizing for in vitro enzymatic assays. Although cryomilling is a highly effective method for breaking cells, a limited amount of sonication often benefits the production homogenous whole cell extracts from mammalian tissues because inhomogeneous aggregates can sometimes be observed by visual inspection: typically in extraction conditions using low to moderate salt (100-300 mM) and non-ionic detergent (0.1-1% v/v) concentrations. Because we observed that the presence of these aggregates can reduce the yield and/or quality of the subsequent affinity capture, we routinely implement sonication to disperse them (even when they are not observed with the naked eye). The aggregates are consistent with agglomerated membrane fragments, comparable to those previously reported in extracts from milled yeast cells 58 . Sonication is also used in some protocols to shear DNA and liberate chromatin fragments into solution, however the degree of sonication applied in this protocol does not appreciably fragment DNA. The limited availability (or the high cost) of an excellent affinity ligand or antibody against the particular protein of interest may be another impediment. A wide array of commercially available affinity reagents may be leveraged when the model organism is amenable to genomic tagging or transfection with ectopic expression vectors, permitting the expression of proteins of interest as affinity-tagged fusions. However, the production of custom antibodies has become increasingly feasible and both polyclonal and monoclonal antibodies can perform excellently in affinity capture applications. These many considerations are also covered in greater detail in reference 1 .
Examples of how the cell lysis method and choice of affinity medium can affect results are illustrated in Figure 1 . Examples of effects exerted by different extractants can be seen in references 1, 11, 24 . Because these and other experimental parameters affect the quality of the affinity capture, making it difficult to discriminate FPs, repositories of "bead proteomes" and computational approaches to eliminate non-specific contaminants have been developed to assist in identifying FPs [40] [41] [42] [43] . Nevertheless, such approaches only substitute for optimal sample preparation to a limited degree 59 . Observing best practices and empirically optimizing the affinity capture experiment will provide the highest quality samples for downstream analyses, further discussed below. An easily implemented practice that can improve sample purity is native elution. Native elution is most frequently used to obtain the affinity isolated protein complex, intact, for further experimentation; but as it frequently enhances sample purity, it may also be used for this reason alone. However, as demonstrated in Figure 1 , panel II, the ability of native elution to improve sample purity may depend on an accurate titration of the quantity of affinity medium to the abundance of the target protein in the cell extract -when the medium is in excess, unoccupied paratopes may permit the off-target accumulation of FP proteins observable in the natively eluted fractions. Using the reagents and procedures described here, it has been our experience that the single greatest contributor of FPs to our experiments is the tagged protein itself once removed from the context of the living cell. (Fig. 1.II and Fig. S1 ). In such cases, parental cell line controls that yield irrelevant proteomes in the absence of the antigen are of no practical value; likewise for tag-only or spike-in controls that are devoid of anything but the target antigen. Therefore, whenever practical we implement I-DIRT 7, 38 , which directly measures the accumulation of post-lysis protein interactions using quantitative MS. As mentioned in Step 3.2.7 of the protocol, procedures for native elution will vary with the details of the affinity system used. Native elution is most commonly achieved by competitive displacement of the tagged protein complex or proteolytic cleavage of the tag, releasing the complex from the affinity medium. Several affinity systems comprised of small epitope tags exist, for which the epitope itself is available as peptide useful for competitive elution of tagged protein complexes 60 . Likewise, several proteases are available to specifically cleave cognate sites strategically placed in affinity tagged fusion proteins 61 . Depending on the specifics of the chosen affinity systems, the appropriate elution scheme may be adopted.
Generally, the quality of the results obtained will be significantly impacted by the quality of the sample preparation. It is important to work carefully and precisely through each step of these protocols, and as rapidly as possible while maintaining care and precision. It is advisable to track the partitioning of the protein of interest through each step to understand the efficiency of each manipulation. For example: how abundant is the protein of interest in the cell or tissue in question? Perhaps the protein under study (and its complexes) will be challenging to characterize by mass spectrometry due to low abundance. If the purified complexes are detectable by general protein staining (approximately nanograms range), mass spectrometry is likely to succeed. If the captured protein of interest can only be detected by sensitive enhanced chemiluminescent western blotting (approximately picogram range), mass spectrometry is less likely to be effective. Even if the protein of interest is abundant in the cell, how abundant is it in the cell extract produced? Does the protein partition to the solution or is it in the pellet? If the latter, a new extraction solution can be devised that may improve recovery. Once the cell extract is combined with the affinity medium, how effectively is the protein captured? Does the protein remain bound through subsequent washes? What about other copurifying proteins? By saving an aliquot of each sample at appropriate steps of the protocol these questions can easily be answered, typically by western blotting against the protein of interest A typical application of affinity capture for many researchers is to identify candidate in vivo interactors for a small number of proteins of interest; these candidates are commonly subjected to validation by orthogonal approaches in vivo to demonstrate the biological significance of the physical interactors. Affinity capture is also employed by high-throughput studies to generate lists of copurifying proteins observed on a (nearly) proteome-wide basis, facilitating computational inferences concerning putative in vivo complexes. Numerous examples of such studies can be found in the literature. This approach foregoes optimization of the conditions of capture for any given target in favor of exploring many targets; as such, the inferred complexes themselves are rarely retrieved fully intact and highly pure in any given sample. Rather, the partial overlaps in compositions observed between numerous distinct affinity-captured samples are used as a basis of the inferences 42 . Both approaches contribute valuable data to our understanding of the interactome. Nevertheless, one major benefit of affinity capture is that it does frequently offer the opportunity to obtain the complexes intact and highly purified, provided that efforts are made to optimize the procedure. We believe that the future of the approach lies in increasing the ease and efficiency of optimizing the capture of endogenous protein complexes 11 , for more accurate assessment of the gamut of physiological interactors and more frequent use in further downstream biochemical, enzymological, and structural studies, e.g., references 7, 9, 23 .
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